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ABSTRACT 
The recovery efficiency of short- and long-term cyclic operations of porous 
media underground hydrogen storage (UHS) is a key parameter for 
successful implementation, but anaerobic microbes autochthonous in the 
storage formation can consume hydrogen and adversely influence hydrogen 
recoverability and storage efficiency. Here we have experimentally 
measured hydrogen consumption rates by a model sulphate-reducing 
bacterium (Oleidesulfovibrio alaskensis G20) in drainage-storage cycles that 
mimic porous media UHS. Laboratory tests were performed in cylindrical 
sand pack columns as storage site analogues (inner diameter: 14.7 mm, 
length: 51.4 mm) with an average porosity of 28% at conditions of 37°C and 
1.15 bara. The storage capacity (initial hydrogen saturation in place) of each 
sand pack was also analyzed and compared against sterilized benchmarks. 
We observed an exponential decay in microbial hydrogen consumption 
between storage cycles: 28 ± 12% hydrogen was lost during the first cycle 
(with a peak average rate of 1.26 ± 0.12µmol/hr/cm3), compared with 10 ± 
5% in the second cycle and 7 ± 3% in the third cycle. The cumulative loss 
across the three cycles amounted to 15 ± 6%, even though nutrient and 
carbon source concentrations were adequate for full hydrogen 
consumption in each cycle. The reduced microbial activity after the first 
storage cycle was explained by the observed increase in brine pH from an 
initial 7.5 to 8.4 ± 0.2 at the end of the last storage cycle. We observed 
improvement in the average hydrogen in place saturations after the first 
non-sterile storage cycles. Our experimental data enhances the 
understanding of microbial hydrogen loss during UHS and its impact on 
recovery and storage efficiency. 
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1. INTRODUCTION 
The need to address the energy/climate dilemma has triggered an increase in the share of renewable 
energy in the last two decades, especially electricity from solar and wind (45). This trend is anticipated 
to continue in the next decades (45, 43). However, these renewable energy supplies are inherently 
intermittent. Underground hydrogen storage (UHS) is currently seen as a technology that can tackle 
the imbalance between supply and demand from renewable energy sources (31). Excess electrical 
energy can be converted into hydrogen, stored in subsurface porous reservoirs, and later recovered to 
generate electricity when needed. (2, 15, 20, 31, 37, 38). However, many subsurface microorganisms in 
potential storage sites such as aquifers or depleted hydrocarbon reservoirs can consume the stored 
hydrogen and alter the gas composition (12, 40, 41). In the context of UHS, it is important to 
understand the microbial processes that will be triggered or accelerated during introduction of high 
concentrations of hydrogen in the porous medium (11). However, microbes can only access and 
consume aqueous hydrogen above a threshold aqueous concentration (12, 13, 26, 40). The process is 
hence dependent on the solubility of hydrogen in water (0.00014 g/kgw) (5, 6, 18), which stays relatively 
low at a wide range of pressure conditions. For hydrogenotrophic sulphate reduction, hydrogen 
solubility at storage conditions exceeds the threshold concentration value (1-15 nM H2) (40) that 
triggers the reaction. It has been known for over 100 years that heterotrophic sulfate reduction occurs 
(10, 28), but the specific kinetics and effects related to subsurface hydrogen storage in porous media 
are still underexplored. Recently, several controlled batch and flow experiments have been conducted 
to quantify the kinetics of hydrogenotrophic sulphate reduction and explicitly characterize the resulting 
gas composition (11, 13, 21, 40). Specifically, one study (13) looked at one sulphate reducer 
(Desulfohalobium retbaense) and one halophilic methanogen (Methanocalculus halotolerans) at 
pressures a few mbar above atmospheric pressure and 37°C. It was observed (13) that hydrogen was 
consumed by both microbial strains, with the consumption rate by the sulphate reducer s t r a i n  
b e i n g  partially dependent on the hydrogen concentration. The work by Thaysen et al (40) on 
formation brines containing anaerobic sulphate reducers at the same temperature conditions and 2.5 
bara showed similar results. The calculated and reported bulk hydrogen consumption rates were 0.62 
ml/day (or 0.04 µmol/hr/ml) by Dopffel et al (13), and 0.09  µmol/hr/ml by Thaysen et al (40). Liu 
et al (21) studied D. retbaense at an elevated pressure ( 35 barg), and reported that 29.4% of the 
initially stored hydrogen was consumed within two days of incubation at a peak consumption rate 
of 0.042 µmol/hr or (8.2 µmol/(hr.ml). During these studies, pH significantly influenced bacterial growth 
and hydrogen consumption rates. Hydrogen was rapidly consumed at a pH near 7, however 
consumption ceased as the pH increased to approximately 9. A recent bulk study by Dohrmann et al 
(11) also showed that microbial hydrogen consumption was primarily dependent on the brine pH 
and hydrogen concentration, with a peak consumption rate of 0.014 µmol/(hr.ml) at ambient 
pressure and 30°C. The increase in pH (11, 13) was attributed to proton loss due to hydrogenotrophic 
sulphate reduction (26, 40) as illustrated in  Equation 1, despite the reaction products (H2S and HS-) 
releasing protons from partial dissociation in brine, as shown in Equation 2 and Equation 3.  

𝟒𝟒𝑯𝑯𝟐𝟐 + 𝑺𝑺𝑶𝑶𝟒𝟒
𝟐𝟐− + 𝟐𝟐𝑯𝑯+ →  𝑯𝑯𝟐𝟐𝑺𝑺 + 𝟒𝟒𝑯𝑯𝟐𝟐𝑶𝑶      − 𝟑𝟑𝟑𝟑 𝒌𝒌𝒌𝒌/𝒎𝒎𝒎𝒎𝒎𝒎(𝑯𝑯𝟐𝟐) (1) 

𝑯𝑯𝟐𝟐𝑺𝑺 ⇋ 𝑯𝑯𝑺𝑺− + 𝑯𝑯+ (2) 

𝑯𝑯𝑺𝑺− ⇋ 𝑺𝑺− + 𝑯𝑯+ (3) 

However, to accurately quantify microbial hydrogen consumption in porous media, core scale data 
sets are necessary for both potential reservoir characterization and provision of quality input data 
to numerical models. Most of the recent core scale studies on UHS have focused on fluid-fluid 
and fluid-rock interactions during hydrogen injection (drainage) and withdrawal (imbibition) 
without microbial cells in the aqueous phase.  

To fill the existing knowledge gap in core scale studies, our study focusses on understanding and 
quantifying anaerobic microbial hydrogen consumption in sand pack columns. Our study mimics 
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storage scenarios with hydrogen as the only gas, saturating sandstone reservoirs pores together with 
bacteria-containing brine. The effect of hydrogen replenishment through drainage cycles on microbial 
hydrogen consumption is further studied. Additional objectives were to study the effect of bacteria 
growth and hydrogen consumption on the porous media storage capacity and injectivity.   The 
bacterial strain used was Oleidesulfovibrio alaskensis G20 (DSM 17464), which thrives best at  
37°C–40°C and a wide range of pressure in an anoxic environment. This bacteria strain was first 
discovered in an oil field in Alaska (14). The study findings provide additional knowledge that can be 
used for further screening of potential porous media storage sites for hydrogen.   

2. METHODS AND MATERIALS 
2.1. Porous medium  
Sand pack columns prepared with sand purchased from a commercial supplier (AGSCO) were used in 
the study. The sand was manually sieved from the supplied sand stock to an average grain size of 
425 µm and treated with a strong acid (0.6 M hydrochloric acid) to remove impurities (predominately 
calcite). The acid was neutralized with NaOH, and the sand was rinsed with deionized water (DI) in a 
sonic bath to a pH range between 7–7.5, before drying at 60°C and autoclaved at 121°C for 20 
minutes. The sand was packed in a cylindrical polyetheretherketone (peek) sand pack holder (inner 
chamber 15 mm x 60 mm) (See Fig. S1 in the Supplementary Material, available online). The sand 
packs were prepared wet in DI, with sand grains added in successive layers. A compressive force of 30 
N was applied between each step to compact the sand. All sand packs had an average porosity of 
28%, a uniform specific surface area (SSA) of 76 cm2/cm3, and an average sand grain density of 2.55 
g/cm3. The SSA was estimated using the correlation developed by Rabbani et al (29) as shown in 
Equation 4. The specific area was considered to provide a measure of fluid-grain contact in the 
sand packs. The sand pack absolute permeability was measured by injecting 2 pore volumes (PVs) 
of degassed deionized water at 30 cm3/hr and 45 cm3/hr with the sand pack in a horizontal 
position. Table 1 summarizes sand pack permeabilities and identities.  

𝑺𝑺𝑺𝑺𝑺𝑺 = 𝟒𝟒.𝟐𝟐𝟑𝟑
(𝟏𝟏 −𝜱𝜱)

𝒅𝒅
 (4) 

Above, 𝜱𝜱 is the sand pack porosity, 𝒅𝒅 is the average grain size in cm (defined by the diameter of the 
mesh used to sieve the sand), and 𝑺𝑺𝑺𝑺𝑺𝑺 is the calculated specific surface area in cm2/cm3. The formulation 
assumes that the sand grains are spherical. 

Table 1:  Summary of key sand pack properties and the experimental routine.  All sand packs were 
uniformly prepared, with a pore volume of 2.44 cm3, average sand grain diameter of 425 µm, and a 
specific surface area of 76 cm2/cm3. The variation in permeability was attributed to grain packing.  All 
sand packs were initially pressurized to 1.15 bara at the start of each storage cycle except for BSP8 
which was pressurized to 1.6 bara and BSP7 to 1.75 bara in the fifth cycle. 
ID Test type Absolute 

permeability [Darcy] 
Number of Cycles for: Initial shut-in 

pressure [bara] Drainage  Storage  
SSP1 
SSP2 
SSP3 
BSP1 
BSP2 
BSP3 
BSP4 
BSP5 
BSP6 
BSP7 
BSP8* 

Sterilized 
Sterilized 
Sterilized 
Bacterial 
Bacterial 
Bacterial 
Bacterial 
Bacterial 
Bacterial 
Bacterial 
Bacterial 

3.4 
8.2 
6.6 
3.5 
9.0 
7.1 
5.4 
7.3 
3.9 
8.5 
8.5 

3 
3 
3 
3 
3 
3 
3 
2 
3 
3 
2 

3 
3 
3 
3 
3 
3 
3 
1 
3 
5 
2 

1.15 
1.15 
1.15 
1.15 
1.15 
1.15 
1.15 
1.15 
1.15 
1.15, 1.75 
1.6 

SSP = sterilized sand pack, BSP = biotic or bacterial sand pack. 
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2.2. Brines and bacterial solutions 
A sulphate-reducing bacterium strain Oleidesulfovibrio alaskensis G20 (DSM 17464) (14) was used as the 
model bacterium in this study. It is representative of sulphate-reduction reactions (11, 12) that may be 
encountered especially in anhydrite-containing reservoir rocks. A single strain was used to reduce the 
complexity of the study, but which still provided reliable information on hydrogenotrophic sulphate 
reduction reactions. O.alaskensis exhibits a growth range spanning pH 6.5 to 8.5, temperatures between 
10°C – 45°C, and can thrive in NaCl concentrations ranging from 0–10% (w/v). The bacterium reaches its 
peak growth rate under optimal growth conditions in marine Postgate medium at 37°C, with a pH of 7.0 
and 2.5% (w/v) NaCl, while utilizing lactate or acetate as a carbon source under anaerobic conditions 
(14). When grown on hydrogen, Oleidesulfovibrio alaskensis utilizes hydrogen as an electron donor and 
sulphate as an electron acceptor, resulting in the production of H2S. For cultivation purposes, we 
employed a modified DSMZ growth medium solution (28) with reduced salt content as a base medium 
solution. The composition of the base medium solution is summarized in Table S1 (Supplementary 
Material, available online) together with the nutrient solution and the bacteria solution brines used in 
the study. Pre-incubation of the bacterial solution was carried out at 37°C for a period of 3 days under 
anaerobic conditions, with a nitrogen gas head space. Following this three-day incubation, the culture 
was employed for injection into sand-pack columns for subsequent experiments.  

 

Figure 1: A schematic of the anoxic experimental set up used in the study. The anoxic environment was 
achieved by injecting degassed DI water and the base medium solution in combination with a network 
of valves. The dead volume in the network was minimized by using 1/16” peek flow tubing and 
connections. A hot water circulation pump ensured a constant temperature environment of 37°C 
around the sand pack, which was conducive for the growth of Oleidesulfovibrio alaskensis cells. A 
constant injection mass rate for hydrogen was possible with the use of the mass flow controller. 
Continuous pressure logging was limited to the sand pack inlet and outlet ends. Brine sampling was 
performed at the base of the 2-phase separator. Sampling was only performed at the end of the first 
drainage cycle or in situ brine at the end of each sand pack study. 
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3. EXPERIMENTAL PROCEDURE 
3.1. Permeability measurements  
Absolute permeability for each sand pack was measured with degassed deionized  water and the 
base medium solution at 30 cm3/hr and 45 cm3/hr with the sand pack horizontally connected to the 
flow network (Fig. 1). The detailed procedure for permeability measurement can be found in the 
Supplementary Material (available online).  

3.2. Anaerobic bacteria cultivation and growth 
Two bacterial cultivation experiments were conducted on each test sand pack. One for bacterial growth 
and permeability tests and the second for microbial hydrogen consumption. For anaerobic bacterial 
growth, a solution mixture of 20% bacterial solution and 80% nutrient solution by volume with each 
solution sampled from its respective batch bottle was injected into the sand pack displacing the base 
medium solution. The solution mixture was opted to minimize bio-clogging at the sand pack inlet (16). 
Oxygen contamination during injection was monitored with Na-resazurin solution, which turned pink in 
case of contamination. The bypass loop was used to flush out the base medium solution before the 
sand pack. After injecting the bacterial-nutrient solution mixture, the sand pack system was shut-in for 
5 days for bacteria adaptation and growth. During this time, the strain utilized lactate as both an electron 
donor and carbon source, leading to an increase in cell numbers. At the end of the shut-in period, the 
sand pack was flooded with the base medium solution at 30 cm3/hr for permeability re-measurement. 
To prepare the porous medium for cyclic drainage tests and microbial hydrogen consumption, bacterial 
sand packs were re-flooded with a 100% bacterial solution containing starved cells with acetate as an 
electron donor, sampled from the same batch bottle as was used for the permeability tests. The system 
was shut-in for 2 hours to allow for equilibration, and subsequently it was drained using 100% H2 gas, as 
detailed in the next section. 

3.3. Extended drainage-storage tests 
Hydrogen gas with a 99.999% (5.0) purity was used to displace the bacteria solution (BS) during 
immiscible drainage tests. Hydrogen was injected using a mass flow controller (F-200CV 002-AGD-11-V, 
± 2% FS) with the outlet tubing from the sand pack connected to a transparent calibrated (1 cm = 0.24 
± 0.012 cm3) two-phase separator. The bypass loop was used to flush out the BS in flow lines before 
hydrogen contacted the sand pack. Hydrogen was then injected at a rate of 60 cm3/hour and the 
produced brine was collected in the separator. Injected hydrogen was not equilibrated with brine. The 
injection continued until 2–3 PVs after gas breakthrough. Brine production was recorded and the average 
gas saturation in the sand pack calculated by volumetric material balance. While hydrogen injection 
continued, the downstream valves of the sand pack were closed, and the system was pressurized to 1.15 
bara  to boost the hydrogen content within the system. The sand pack system was shut-in and the 
pressure across the sand pack monitored for 16–24 hours (storage period). A 0.3 cm3 sample of the 
produced brine was collected at the separator for pH measurement. The ideal gas equation of state (Eq. 
5) was applied to calculate hydrogen moles during storage based on the logged pressure readings. The 
microbial hydrogen consumption rate was empirically determined from the slope of the calculated moles 
versus the storage time curve.  

𝒏𝒏 =
𝑹𝑹𝑹𝑹
𝑷𝑷𝑷𝑷

 .𝟏𝟏𝟏𝟏𝟔𝟔 (5) 

In the above equation, 𝒏𝒏 are the calculated moles in µmoles, 𝑹𝑹 is the ideal gas law constant (8.314 
J/Kelvin/mol), 𝑹𝑹 is the temperature in Kelvin, 𝑷𝑷 is pressure in Pascals, and 𝑷𝑷 is the volume in m3. 

After the first storage period (16–21 hours), during which the pressure dropped close to the lower limit 
of the 2.5 bar ESI sensor, additional hydrogen was injected at 60 cm3/hr to extend sand pack drainage 
from the previous cycle. Additional produced brine was recorded, and the hydrogen saturation was 
recalculated using a material balance approach. The sand pack system was repressurized to 1.15 bara 
and shut-in for the second storage period. The process was repeated for three consecutive drainage and 
storage cycles. Sand pack BSP7 was repressurized to 1.75 bara for an additional storage cycle to test the 
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effect of shut-in pressure on microbial hydrogen loss rate. The shut-in pressure for BSP8 in the first and 
second storage cycles was set to 1.6 bara. An in situ brine sample was extracted from all sand packs at 
the end of the last storage cycle to measure the residual brine pH. Drainage and storage cycles with the 
base medium solution as the initial fluid inside the sand pack created benchmark tests (sterilized cycles) 
for drainage tests with the bacterial solution (bacterial cycles). In bacterial cycles, hydrogen moles lost 
every hour were normalized against the hydrogen volume in the sand pack for comparison between 
cycles and across sand packs. The recorded value was subtracted from that obtained in the sterilized 
cycles (mechanical loss rates) to obtain the net moles lost to microbial consumption, as illustrated in 
Equation 6, and similar to the method used by Bagnoud et al (1). It was assumed that mechanical 
hydrogen losses due to permeation and dissolution were similar in both sterilized and bacterial sand 
packs, as the same experimental setup and sand pack holder were used. 

𝑵𝑵𝑵𝑵𝑵𝑵 𝒄𝒄𝒎𝒎𝒏𝒏𝒄𝒄𝒄𝒄𝒎𝒎𝒄𝒄𝑵𝑵𝒄𝒄𝒎𝒎𝒏𝒏 𝒓𝒓𝒓𝒓𝑵𝑵𝑵𝑵

= │(
𝑹𝑹𝒓𝒓𝑵𝑵𝑵𝑵

𝑷𝑷𝒎𝒎𝒎𝒎𝒄𝒄𝒎𝒎𝑵𝑵
)│𝒃𝒃𝒓𝒓𝒄𝒄𝑵𝑵𝑵𝑵𝒓𝒓𝒄𝒄𝒓𝒓𝒎𝒎𝒄𝒄𝒓𝒓𝒄𝒄𝑵𝑵

− │(
𝑹𝑹𝒓𝒓𝑵𝑵𝑵𝑵

𝑷𝑷𝒎𝒎𝒎𝒎𝒄𝒄𝒎𝒎𝑵𝑵
)│𝒄𝒄𝑵𝑵𝑵𝑵𝒓𝒓𝒄𝒄𝒎𝒎𝒄𝒄𝒔𝒔𝑵𝑵𝒅𝒅𝒄𝒄𝒓𝒓𝒄𝒄𝑵𝑵    µ𝒎𝒎𝒎𝒎𝒎𝒎𝑵𝑵𝒄𝒄/(𝒉𝒉𝒎𝒎𝒄𝒄𝒓𝒓.𝒎𝒎𝒎𝒎) 

(6) 
 

The Rate is in µmoles/hour and Volume is the volume of hydrogen initially in place in cm3 for each sand 
pack.  

4. RESULTS 
4.1. Permeability reduction due to bacterial growth on lactate 
Permeability tests using a well grown bacterial solution provided indirect insight into the adaptation 
and growth mode of the bacterial cells and its effect on fluid flow. Bacteria cells were inoculated 
into the sand packs as suspensions in brine and hence occupied the same pore space as the brine. 
Biofilm growth with lactate as an electron donor was studied through the quantification of absolute 
permeability reduction after 5 days of bacterial cultivation. The relative loss from the initial sand 
pack permeabilities ranged between 3–11 ± 4%. For detailed results see Figure S3 (Supplementary 
Information, available online). 

4.2. Microbial hydrogen consumption 
4.2.1. Total hydrogen losses 
The sulphate-reducing Oleidesulfovibrio alaskensis was grown on hydrogen during consecutive 
storage periods in the bacterial sand packs and the hydrogen amount was monitored by continuous 
pressure logging for 16–21 hours. Microbial feeding constituted partial loss in the initial amount of 
hydrogen stored in respective sand packs. Other losses were related to mechanical processes 
assumed common to both sterile and bacterial tests such as hydrogen dissolution in brine and 
minor permeation in peek and flow connections. Such mechanical losses could be abiotic reactions 
with trace ions in solutions such as iron (iii). Representative results of the relative amount of 
hydrogen plotted against storage time in the four bacterial sand packs are shown in Figure 2a-d. 
The amount of hydrogen at selected time steps was normalized against the initial moles in a cycle. 
Total hydrogen loss in all sand packs, except for sterile cycles, was most significant in the first 
storage cycle amounting to percentage reductions ranging between 45–60%. There was no clear 
correlation between the declining trend in the amount of hydrogen and the hydrogen saturation at 
the beginning of the first cycles. Total losses on the second cycles were substantially lower than in 
the first cycles and accounted for 19–35% of the hydrogen amount at the beginning of the cycles. 
Losses in the third storage cycles were similar to the sterile tests except in a few tests (Fig. 2c).  

4.2.2. Microbial hydrogen consumption rates in storage cycles 
Total hydrogen loss in the bacterial sand packs followed a non-linear trend especially for the 
majority of the first and second storage cycles (Fig. 2a-d). However, on finer time intervals (<1 hour) 
the losses followed a relatively linear trend similar to the sterile cycles (Fig. S7, Supplementary 
Material, available online). Results of net microbial consumption rates in storage cycles plotted  

https://doi.org/10.69631/ipj.v2i2nr72
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(a) 

 

Figure 2: Quantitative evolution 
of the amount of hydrogen 
during shut-in periods (storage 
cycles) in four different sand 
packs (a: BSP2, b: BSP3, c: BSP6 
and d: BSP7). Moles in each 
respective cycle were normal-
ized against moles initially in 
place at the start of the cycle. 
The 1st cycles are plotted with 
solid circles, the 2nd cycles with 
triangles, and the 3rd cycles with 
squares. The sterile cycles are 
plotted as solid and broken lines 
without error bars. Mechanical 
losses in some of the 3rd cycles 
were lower than in the sterile 
cycles (a). The error bars 
account for small temperature 
variations (± 1oC), errors in 
volume measurements (± 
0.024 cm3), and pressure 
measurement uncertainty in 
mole calculations. 

(b) 

 
(c) 

 
(d) 

 
 

https://doi.org/10.69631/ipj.v2i2nr72


 
Mushabe et al  Page 8 of 20 
 

 

InterPore Journal, Vol. 2, Issue 2, 2025        https://doi.org/10.69631/ipj.v2i2nr72  

 

  

(a) 
 

 

 

Figure 3: Microbial con-
sumption rates at differ-
ent times steps in three 
storage cycles for four 
different sand packs (a: 
BSP2, b: BSP3, c: BSP6 
and d: BSP7). The scatters 
are the actual experiment-
tal data points whereas 
the solid curves are 
regressions fitted to the 
data points to capture the 
general trend in a cycle.   

(b) 
 

 

(c) 
 

 

(d) 
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against storage time in all sand packs are shown in Figure 3a-d and Figure S8 (Supplementary 
Material, available online). As a general trend in the first storage cycles, hydrogen loss due to 
microbial consumption began immediately after shut-in with consumption rates steadily increasing 
to a maximum. The maximum consumption rates in this cycle ranged between 1.03 ± 0.03 – 2.55 ± 
0.06 µmol/hr/ml in all sand packs and occurred within 2 to 5 hours from shut-in. After peaking, the 
rates monotonically decreased towards the zero rate with episodes of sustained consumption in 
some sand packs (Fig. 3a, b).  

Consumption rates on the second storage cycles peaked immediately after shut-in and quickly 
decreased, reaching the zero-rate mark earlier than in the first cycles (Fig. 3). Maximum rates recorded 
in this cycle ranged between 0.32 ± 0.02 – 2.94 ± 0.07 µmol/hr/ml. Consumption rates in the third cycles 
followed a similar trend to that of the second cycles, but reached the zero-rate mark earlier than in the 
second cycles, except for BSP3 (Fig. 3b). Maximum rates in this cycle ranged between 0.73 ± 0.02 – 3.24 
± 0.07 µmol/hr/ml. In sand pack BSP7 (Fig. 3b), an extra storage cycle with shut-in pressure set to 1.75 
bara instead of 1.15 bara did not result in a significant change in the microbial consumption rate (Fig. 
4a), however it prolonged the consumption time before the rate reached zero. The prolonged 
consumption period resulted in a higher relative loss of 20% than in the previous cycle at 1.15 bara 
(8.3%). Increasing the pressure did not cause any observable change in the mechanical losses based on 
the sterile cycle losses at the same pressure (Figure S7: Right, Supplementary Material, available 
online). The observed hydrogen loss was thus associated with microbial consumption. The consumption 
rates and the trend between the first and second cycle did not change in the test with the initial pressure 
set to 1.6 bara BSP8 (Fig. 4b). Maximum rates in the first and second cycles were 1.72 ± 0.05 and 2.78 
± 0.05 µmol/hr/ml respectively.  

4.2.3. Average consumption rates and endpoint pH 
Results of the respective average consumptions rates in three storage cycles for the eight repeated 
experimental tests are shown in Figure 5a. The average rates and their uncertainties were calculated by 
considering net rates observed at respective time steps in a cycle. The average rates in the first 

(a) 

 

Figure 4: Pressure effect 
on microbial consump-
tion rates in porous 
media. a) Consumption 
rates for BSP7 with a 
higher shut-in pressure 
(1.75 bara) than in the 
previous cycles (1.15 
bara). b) Consumption 
rates in BSP8 with 
pressure in both the first 
and second cycles set to 
1.6 bara was similar to 
the cycles set at 1.15 
bara. The relative loss 
based on the area under 
each curve and the initial 
amounts in each cycle 
was 29% and 10% 
respectively. The volume 
for the initial gas in place 
was kept in the two 
cycles with no drainage 
cycle between them. 

(b) 
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storage cycle were characterized by a period of buildup that peaked after about three hours and 
then steadily decreased towards zero after reaching the maximum. The maximum average 
consumption rate in the cycle was 1.26 ± 0.12 µmol/hr/ml. In relative terms, microbial hydrogen 
consumption in the first storage cycles caused a net percentage loss of 27.9 ± 12.4% (Fig. 5b) from 
the initial average amount of hydrogen (58 ± 19 µmoles). A relative loss equivalent to 16.2 ± 10.2 
µmoles. Consumption in the second and third storage cycles was significantly lower with 
exponentially decreasing trends after shut-in. However, maximum rates of 1.53 ± 0.11 and 1.36 ± 
0.01 µmol/hr/ml in the second and third cycles respectively were distinctively higher than in the first 
cycle. The net percentage loss was also significantly lower at 10.2 ± 5.3% (6.9 ± 4.5 µmoles) for the 
second cycle and 5.6 ± 3.4% (3.8 ± 2.4 µmoles) for the third cycle. The average in-situ brine pH at 
the end of the third storage cycle was 8.4 ± 0.2 for the bacterial tests and 7.3 for the sterile tests. 
Table 2 summarizes the start and endpoint brine pH for all sand packs. The consumption rates were 

(a) 

 
(b) 

 
Figure 5: a) Average microbial consumption rates in three storage cycles based 
on eight experimental repetitions. The error bars are the standard deviations in 
the averaged rates at the selected time steps. Microbial hydrogen consumption 
was most dominant in the first storage cycle, and continuously decreased in the 
second and third storage cycles. b) Average relative loss in the amount of 
hydrogen in three storage cycles due to microbial consumption. The bar with 
stripes is for the cumulative loss in the three cycles with respect to the total 
amount of hydrogen stored. Microbial activity exponentially decreased with 
storage cycle number based on the regressed blue curve fitted to the average 
relative losses in the three cycles. 
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compared with reported literature rates commonly observed in batch bottle tests. The rates in the 
porous medium were found to be one to two orders of magnitude higher than in batch bottles, and 
the difference was associated with the large specific surface area in porous media that catalyzes 
microbial-driven reactions.  

4.2.4. Average hydrogen-in-place saturation after drainage cycles 
The microbial effect on the porous media storage capacity was analyzed by evaluating the 
magnitude of hydrogen gas saturation at the end of the drainage cycles. Average hydrogen 
saturations were evaluated based on material balance calculations during steady state drainage 
after gas breakthrough (Fig. S4 in the Supplementary Material, available online). Saturation results 
of the hydrogen gas in-place at the end of each drainage cycle are summarized in Table 2. In the 
three sterilized cycles, the gas saturation remained relatively constant throughout all the three 
drainage cycles, with only one sand pack showing a 1 ± 1.4% increase. However, in the bacterial 
sand packs, the gas in-place saturation significantly improved between the first and third drainage 
cycles. The increments ranged between 4–24 ± 1.4%. The error percentage was attributed to the 
measurement uncertainty of the two-phase separator. No clear correlation was observed between 
the saturation in the first non-sterile cycle and the subsequent improvement. However, the largest 
increment of 24% was recorded in the sand packs with the second lowest saturation (18% after the 
first cycle).  

5. DISCUSSION 
5.1. Permeability reduction. 
Bacterial growth under optimal and stress conditions can cause biofilms to develop as a result of 
excess energy from cell respiration or as a defense mechanism respectively (34). In our study, growth 
was anticipated to be optimal during the first one to two days, followed by a decline as lactate levels 
decreased due to its limited initial concentration (Table S1 in the Supplementary Material, 

Table 2: Summary of the of the experimental results across all the sand packs. Sgi is the average gas 
saturation at the start of a storage cycle. The slight pH increase in the sterilized case was attributed 
to measurement errors or abiotic reactions in the system. Only hydrogen loss attributed to microbial 
consumption has been summarized in the table.  

Sand 
Pack 
ID 

Sum of 
moles in all 
cycles 
(µmol) 

Cum. 
loss 
for all 
cycles 
(%)  

Loss 
1st 
cycle/ 
Cum. 
Loss 
(%) 

Max. CR  
(1st cycle) 
(µmol/hr/ml) 

Initial 
pH 

End 
pH 

Sgi  
(1st 

cycle) 
(%) 

Sgi  
(2nd 
cycle) 
(%) 

Sgi  

(3rd  

cycle) 
(%) 

BSP1 167 7 61 1.03 7.6 8.0 29 34 37 
BSP2 208 10 88 1.03 7.5 8.5 44 44 48 
BSP3 209 20 69 2.31 7.4 8.6 42 44 50 
BSP4 175 9 31 2.36 7.5 8.2 30 35 39 
BSP5 32 - 100 1.87 - - 11 13* - 
BSP6 158 11 45 1.45 7.4 8.6 18 30 41 
BSP7 202 18 57 2.56 7.5 8.5 34 45 50 
BSP8* 196 19 69 1.72 7.3 8.3 45 - - 
Avg 194 15 61 1.26 7.5 8.4 30 35 44 
SSP1 - - - - - - 13 14 14 
SSP2 - - - - 7.2 7.3 34 34 35 
SSP3 - - - - - - 24 24 24 
Avg = average; CR = Consumption rate; Cum. = cumulative; Max. = maximum; SSP = sterilized sand pack, BSP = 
biotic or bacterial sand pack. 
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available online). The permeabilities were expected to reduce since Oleidesulfovibrio alaskensis is 
known to form dense biofilms under optimal growth conditions (14, 44), and the sand grains were 
anticipated to be ideal attachment surfaces. However, the extent of permeability loss, (3–11 ± 4%), 
suggests that biofilm accumulation was on a scale that could not significantly affect fluid flow. It 
was then inferred that either most of the cells adapted and grew as suspensions in brine (planktonic 
mode (21, 34, 46) that could not significantly alter the brine viscosity, or that the accumulated 
biofilms were permeable to the same extent as the sand packs. The presence of biofilm 
development was consistent with previous sand pack studies (7, 35, 36, 39), but to a lesser extent 
in regard to permeability damage. Relevant to our study, the observed microbial growth and 
adaptation mode implied the following: 1: The sand pack environment was conducive for anaerobic 
bacteria cells to adapt and grow in a way similar to batch bottle tests; 2: Initial sand pack pore 
volume did not significantly change after bacteria growth; and 3: Ideal growth conditions may not 
always result in biofilm development that has negative implications on the reservoir quality in 
relation to permeability and porosity. 

5.2. Temporal microbial hydrogen consumption rates 
Using relatively identical sand packs as porous media analogues, we experimentally studied and 
quantified the microbial hydrogen consumption rates of the microbial sulphate reducer 
Oleidesulfovibrio alaskensis, previously described as capable of utilizing hydrogen as an electron donor 
in the presence of sulphate and a carbon source (14, 26, 44). The consumption rates were measured 
in three storage cycles. A strong correlation between consumption trends in each cycle across all 
sand packs was observed, with consumption being the highest in all first cycles and then 
exponentially decreasing in subsequent cycles. Consumption rates in the first storage cycles (Fig. 
3) followed a typical growth curve for microbes that are in excess of substrate supply (17, 21). The 
rates began relatively low and built up to a global maximum, where, for most cycles was relatively 
sustained for 2–5 hours before declining to a minimum either monotonically or in a step-like 
manner. Despite the low initial rates, they were non-zero, indicating immediate hydrogen 
consumption by the bacteria. The prompt consumption could be explained by the minimal shear 
stress imposed on bacteria cells during hydrogen injection (22) and depletion of lactate in solution 
during cultivation causing the cells to starve. The rise to a maximum value indicated that bacterial 
cells increasingly consumed hydrogen as more hydrogen dissolved in the brine, despite its low 
solubility under the experimental conditions (0.00014 g/kgw) (5, 6, 18). Based on the average initial 
pH of 7.4 in the first cycle and the optimal temperature sustained at 37°C, microbes consumed 
dissolved hydrogen (7, 11, 13, 40) especially at the free hydrogen-brine contact points. However, 
given the relatively high sand pack permeabilities (over 3 Darcy, Table 1), dissolved hydrogen was 
expected to easily diffuse between sand pack pores (8, 17, 47) and eventually be consumed by the 
cells, sitting further away from the brine-gas contact line. Microbial hydrogen consumption was 
thus present throughout the pore space for most of the first storage cycle. Although 
Oleidesulfovibrio alaskensis cells are known biofilm-forming microbes (14, 44), it was assumed that 
during the first storage cycles, individual cells initially stayed suspended in the brine since they were 
starved prior to inoculation. It is known that starved bacteria cells prefer to live in a planktonic mode 
in search of food, rather than forming cell clusters or using energy to produce EPS (extracellular 
polymeric substance) molecules necessary for biofilms (34). Therefore, mobility for food was at its 
best in the first cycles, and hydrogen dissolution and diffusion in brine was at its highest since 
injected hydrogen was not equilibrated with brine. Based on a pseudo steady state loss rate of  
0.41 ± 0.09 µmol/hr/ml in sterile tests (Figure S7 (left) in the Supplementary Material, available 
online), hydrogen dissolution in brine without bacteria activity was estimated at 2.9–3.6 
µmoles/ml(H2) for a storage period of 16 to 21 hours. The dissolution loss was consistent with 
previous experimental and numerical studies (1, 5, 6, 18).  Hydrogen dissolution rates in the non-
sterile cycles were expected to be similar to the sterile cycles given that brines were of identical 
salinity (5) and at the same temperature and pressure. As microbial hydrogen consumption 
progressed, it was expected that more free hydrogen dissolved in brine prompting additional 
consumption loss. The decline in average consumption rates after the peak rate in the first cycle 
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(Fig. 5a) could be associated with the physical-chemical conditions inside the sand packs, especially 
brine pH. It is known that Oleidesulfovibrio alaskensis cells are sensitive to pH and become inactive 
at an alkaline pH of 8.5-9.0 (14, 26, 44).  Previous batch (11, 13, 40) and microfluidic (21) studies with 
other anaerobic sulphate reducing strains have shown this pH dependence for microbial hydrogen 
oxidation. As consumption proceeds, the brine pH increases since anaerobic sulphate reduction 
with hydrogen as an electron source is a proton consuming process (26) (Eq. 1). However, partial 
dissociation of the reaction by-products (H2S and HS- shown in Eq. 2 and Eq. 3) in brine releases 
protons as the pH changes, but the concentrations are low and thus counteract the proton-
consuming process (4, 13, 19). The start and end pH values in all bacterial sand packs are 
summarized in Table 2 together with the pH of the sterile case. We suggest that the net hydrogen 
consumption began to decline during the first cycle as the pH increased over storage time, 
eventually leading to an end of the consumption. Subsequent hydrogen loss was likely attributable 
solely to mechanical losses (Fig. 2b, d). It is known that harsh brine pH conditions result in cell-to-
cell communication, leading bacteria to form biofilm clusters as an adaptive and protective 
response (42). The in situ brine endpoint pH of 8.4 ± 0.2 after the second (BSP8) and third cycles fell 
within the hostile range for Oleidesulfovibrio alaskensis cells. Biofilm formation was microscopically  
confirmed around the sand grains (Figure S4 in the Supplementary Material, available online).  

Biofilms were expected to develop on grains at the hydrogen-brine contact area before spreading 
out to the rest of the sand pack for two reasons: 1) Microbial activity was highest at the interface 
due to excess substrate (hydrogen) supply, and 2) High local hydrogen consumption resulted in a 
swift increase in pH making brine hostile for bacteria cells. The nature of biofilm development 
increased heterogeneity in the sand packs. Biofilms are known to make a relatively homogenous 
porous medium in terms of pore size and structure, becoming increasingly heterogenous which 
adversely affects mass transfer (8, 9, 33, 34). During the storage cycles, molecular diffusion was the 
main form of hydrogen, nutrient and waste transport for microbes in biofilm clusters. This implied 
that the complex pore structures increased the mean free path for diffusion (8, 9, 17, 47) in addition 
to enhancing hydrogen adsorption at the pore walls (25, 30, 47). The two processes resulted in a 
substantial reduction in the hydrogen loss rates. Eventually hydrogen losses resulting from both 
microbial activity and mechanical losses increasingly decreased as seen at the tail end for Figure 
2b, d.    

At the start of the second storage cycle (Fig. 3a-d), microbial consumption resumed despite the 
ultimate zero consumption rates recorded in most of the first cycle. The rejuvenated activity could 
be explained by three processes: 1) Flushing out of potential toxic waste by injected hydrogen 
during drainage at end of the first storage cycle; 2) Cell detachment from biofilms and bacteria 
clusters. Detaching cells are known to be more metabolically active than cells in biofilm 
communities (34, 37); and 3) Dispersive fluid mixing during drainage introduced new contact areas 
with potential for additional hydrogen consumption. All three processes caused immediate effects 
that resulted in maximum consumption rates for some sand packs which were higher than in the 
first cycle. However, the improved environmental change was short-lived, and eventually 
consumption rapidly ceased thereafter. The same processes occurred in the third storage cycle, but 
with less microbial loss than in the second cycle. Brine composition calculations confirmed that both 
sulphate and acetate remained available in solution throughout the three storage cycles, indicating 
that neither substrate was limiting consumption (Table S2 in the Supplementary Material, 
available online). Increasing shut-in pressure to 1.75 and 1.6 bara was expected to increase the 
hydrogen dissolution rate, but not the overall dissolved amount due to a small pressure margin (5). 
However, a significantly higher pressure, (reservoir conditions of above 50 bar) would still result in 
a minimal increase in dissolved hydrogen due to the relatively small variation in hydrogen solubility 
in brine across different pressures. In this study, no substantial change in the consumption rates 
was observed because of increased dissolution rates (Fig. 4). It could be that the positive effect of  
hydrogen dissolution in brine was cancelled out by low diffusion rates as the mean free path for 
dissolved molecules was reduced due to increased molecular collisions (25, 30) and complex biofilm 
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structures (8, 47). Overall, microbial hydrogen loss was highest in the first storge cycle and 
exponentially decreased in the second and third cycles (Fig. 5b). A slight increase in shut-in pressure 
did not change the consumption rates and relative hydrogen losses between cycles.   

Under the experimental conditions, and based on the peak hydrogen consumption rates observed 
during the first cycles, we calculated the amount of dissolved hydrogen that Oleidesulfovibrio 
alaskensis cells could consume before the pH reaches a threshold beyond which further hydrogen 
consumption becomes unfavorable. This would be around 0.016 ± 0.009 moles/L (brine) for a three-
cycle storage scenario. The threshold pH was fixed at 8.4 ± 0.2. However, it is important to point 
out that this calculation was based on hydrogen dissolution in brine with salinity of ≈3.5%. In 
formation brines with salinities between 10-30%, we would expect the hydrogen dissolution rate to 
be lower (5), and hence the consumption period might be longer at lower rates. The calculations 
were also based on the initial brine pH of 7.5, and yet formation brine pH dependent on the brine 
composition could be more or less alkaline than 7.5.  

5.3. Effect of brine-gas interface area on microbial hydrogen consumption 
An additional control parameter coupled to microbial consumption rate is the hydrogen-brine 
interface area boosted by the specific surface area (SSA) in a porous medium. The SSA in a porous 
media is a few orders of magnitude higher than in batch bottles for the same volume space. In the 
current study,  the SSA of 76 cm2/cm3 for a fully brine-saturated sand pack was 3 orders of 
magnitude higher than the SSA calculated for the serum bottle with a 42.4 mm inner diameter (0.24 
cm2 /cm3) used by Thaysen et al (40), Dopffel et al (13) and Dohrmann et al (11). We observed that 
the SSA in sand packs correlated positively with a higher microbial consumption for every unit of 
hydrogen, as shown in Figure 6, in comparison with the batch tests. Increasing the specific interface 
area by two orders of magnitude from the batch tests to sand packs resulted in a two-order 

 

Figure 6: Comparison of anerobic microbial hydrogen consumption rates from literature batch tests 
and the current sand pack measurements (red scatters). The differences in initial molar concentration 
for literature tests was corrected for by normalizing molar concentrations in the headspaces against the 
smallest molar concentration in the smallest head space volume. The difference in specific interfacial 
areas between sand packs originates from the initial gas-in-place saturation levels during the first 
storage cycle. The solid black square shows the rate from a microfluidic study by Liu et al (21) with D. 
retbaense as a sulfate reducer, and is similar to Dopffel et al (13). Thaysen et al (40) and Dohrmann et 
al (11) used formation brines containing different strains of sulphate reducers with a focus on 
Desulfovibrio G11 (40). Whereas Nåmdal et al (24) used Oleidesulfovibrio alaskensis, as done in this 
study. 
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magnitude increase in the consumption rate. On the contrary, the rates in the micromodel sample 
(black square, Fig. 6) were comparable with the sand pack rates despite the SSA being two orders 
of magnitude higher than the micro model.  The increase in rates with a specific area was consistent 
with previous studies (11, 24). However, for most of the batch tests, the reported rates were within 
the same range (11, 13, 24, 40) (0.01 - 0.1 µmol/hr/ml) and were significantly lower than in sand 
packs (Fig. 6). It implied that the larger SSA in sand packs catalyzed hydrogen dissolution in brine. 
This process increased hydrogen availability to the microbes, thereby accelerating their 
consumption. Therefore, the difference in the microbial hydrogen consumption rates reported in 
the current study from most of the batch studies (11, 13, 40) could be explained by the large 
interface areas provided by the sand grains. As the reaction accelerated, the brine pH increased 
more rapidly than in the batch tests (13), ultimately leading to a faster slowdown in microbial 
activity. This partly explains the rapid (within hours) pH increase observed in the sand packs, and 
the corresponding decrease in hydrogen consumption rate compared to previous studies (11, 13). 
In the batch tests conducted by Dopffel et al (13), a one-unit increase in pH was recorded over the 
course of a month from the start of the experiment. The reported higher consumption rates 
observed in this study compared to batch tests may indicate a more rapid pH increase, which 
eventually limits microbial activity in relation to hydrogenotrophic sulphate reduction. The process 
could be vital in reducing microbial risk for underground hydrogen storage.  

5.4. Microbial effect on storage capacity and endpoint relative permeability 
 
The impact of bacterial cells on fluid flow and distribution during drainage and storage was evident 
through observed sequential increments on the average hydrogen saturation between drainage 
cycles. In sterile sand packs, the average gas saturation in all three drainage cycles remained 
relatively constant. This implied that brine displacement was identical with injected hydrogen 
following the same flow paths between cycles. The early gas breakthrough times indicated that 
gravity override and gas fingering dominated the fluid displacement in a manner similar to the 
experimental studies by Boon et al (3) and Lysyy et al (23). For the bacterial sand packs, a 
combination of bacteria and biofilms controlled fluid flow. The saturations in the first drainage 
cycles were comparable to the sterile cycles (Table 2). It can hence be assumed that fluid 
displacement was identical. However, increments in the average gas saturation on the second and 
third cycles could be inferred to the biofilm effect on fluid flow. It is known that the accumulation 
of biofilms in a porous medium affects fluid flow (7, 32, 39). Previous studies have shown that biofilm 
growth in a porous medium starts in established flow channels and from there spreads out to other 
areas of the medium (17, 32, 33). It was likely that new flow paths were established in the second 
and third drainage cycles because of biofilm accumulation in the previous flow channels. Upon 
hydrogen re-injection, hydrogen gas contacted new areas of the sand pack displacing additional 
brine. The stage of biofilm growth also determined the style of fluid displacement (33). In the early 
biofilm growth stage, fluid displacement is piston-like, and the injected phase contacts more of the 
pore space (17, 33). However, well-developed biofilms could result in established flow channels (17), 
which in turn result in poor areal sweep during subsequent injections. It was difficult to characterize 
the biofilm growth stage in situ and its impact on fluid displacement with our experimental design.  
In future experiments, we plan to use high resolution MRI imaging to visualize and quantify biofilm 
dynamics and its effect on fluid displacement.  

In addition, it was likely that the improved gas saturation between drainage cycles could be partly 
related to an improved hydrogen sweep efficiency due to reduction in the water wetness of the 
sand grains (21).  Hydrogen adsorption on the grains and in the interstitial voids of the biofilms 
could create continuous thin gas films connecting multiple pores (25, 30). This could reduce the 
water wetness of the sand grains and average entry capillary pressure for hydrogen. Therefore, 
injected hydrogen invaded and displaced more brine from the pores. In addition, the biofilms and 
cell membranes of halophilic mesophiles are partially composed of polar protein molecules (26, 40), 
which may alter the water wetness of sand grains, shifting them toward a more neutrally wet state. 
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Wettability alteration to a less water wet state due microbial hydrogen consumption was previously 
demonstrated by Liu et al (21) with a quartz micromodel sample. It was observed that the average 
contact angle increased from 41° to 96° after a shut-in period of 24 hours. The sand grains in our 
study were mostly composed of quartz, and the storage periods were within the same experimental 
window. We therefore propose that both wettability alteration and increased sweep due to cell 
attachment and biofilm development may enhance brine displacement in the non-sterile drainage 
cycles. The extent to which this wettability alteration would occur in actual reservoir conditions, 
where mineralogy is complex and aged, remains an open question for future investigation.    

The average gas saturation in a reservoir has direct implications for UHS efficiency as it dictates how 
much of the pore space can be utilized for hydrogen storage. Our study suggests that higher 
volumes of hydrogen could potentially be stored in rocks containing native bacteria in the formation 
brine, compared to those with sterilized brine. Even though we have only looked at one bacterial 
strain, it is known that sulfate reducing microbes are among the likely hydrogen consumers to be 
encountered in aquifers or depleted oil and gas reservoirs (11, 12, 19, 40). Our experiments indicate 
that even though microbial hydrogen consumption is significant, especially in the first storage cycle, 
a higher average gas saturation and reduced hydrogen consumption follow in subsequent storage 
cycles in low-buffered systems. However, it is important to highlight that further tests need to be 
studied with different microbes, formation brines, and on actual reservoir cores or at least 
representative outcrop cores, where the pH increase might be buffered by secondary minerals or 
dissolved carbonates.  

5.5. Implications for UHS in porous media 
 
In the context of UHS, the accelerated microbial consumption rates observed in our study can be 
viewed as both negative and positive. On one hand, under ideal reservoir physical-chemical 
conditions, microbial hydrogen consumption by sulphate reduction could significantly cause 
hydrogen loss and hence reduce the hydrogen recovery factor. Also, H2S as a toxic byproduct could 
substantially alter hydrogen purity if some of formed H2S is produced with the hydrogen. In 
addition, the corrosive effect of H2S on well bores and surface facilities as a result of 
hydrogenotrophic sulphate reduction requires further study.  However, the observed higher 
consumption rates compared to batch bottles, also lead to a faster increase in brine pH, which will 
limit the total hydrogen consumption. Large interfaces in porous media might accelerate the pH 
increase, which over time could reduce the overall microbial risks. The reduced activity with storage 
cycle numbers also implies that the purity of the working gas will be closer to the injected gas after 
a certain number of cycles. This, however, will depend on the overall pH buffer potential of the brine 
and the reservoir itself. In our study, ideal conditions were created for anaerobic sulphate reducing 
bacteria to grow in sand packs, inoculating with a high cell number solution. The sulphate ion 
concentration and a carbon source were in excess in all storage cycles and therefore high 
concentrations of hydrogen could potentially be lost to microbial consumption. In natural 
reservoirs, sulfate concentrations are often limited to micro- or nanomolar levels per liter of 
formation brine (11, 13, 40), which would also constrain hydrogenotrophic sulfate reduction. In 
addition, there is a need for caution during cyclic operations to prevent contamination of reservoir 
brine with sulfate-reducing bacteria or nutrient ions that could stimulate the activity of existing 
microbial communities. Regular monitoring of both the recovered hydrogen and the reservoir brine 
composition may be necessary to ensure that microbial risks are effectively controlled or mitigated. 
Further empirical studies are required to develop comprehensive datasets that can provide reliable 
input for field-scale simulations of cyclic operations. While our study focused on a sulfate-reducing 
microorganism, it is important to note that other microbial strains—such as methanogens and 
acetogens—may also be present at geological storage sites and contribute to hydrogen loss. 
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6. CONCLUSIONS AND OUTLOOK 
We developed an experimental sand pack column set-up to conduct anaerobic microbial hydrogen 
consumption tests in porous media using the known hydrogen consumer and sulphate reducer 
Oleidesulfovibrio alaskensis. Growth tests through absolute permeability analysis showed a 
relatively low permeability reduction (3–11 ± 4% from the initial permeability) caused by low cell 
plugging and low biofilm formation. Observed hydrogen consumption rates exponentially 
decreased after the first storage cycle caused by a significant pH increase. The end-point average 
pH of 8.4 made the brine solution hostile for the bacteria cells. Compared to literature-reported 
batch tests, the hydrogen consumption rates in the sand packs were higher, likely due to the larger 
specific interfacial area that accelerated microbial activity. We also observed that microbial presence 
could have a positive effect on the porous media storage capacity by changing the wettability of 
the sand surface. Additional datasets are needed to quantify and fully understand the risk of 
microbial hydrogen consumption at both the lab scale and the natural setting. In this study, clean 
sand was used. Future studies should consider reservoir rock samples with more representative 
mineralogical compositions to better reflect in situ conditions. Other microbial strains prevalent in 
potential reservoir rocks should also be studied both individually and in combination to help close 
the knowledge gap regarding microbial hydrogen consumption. 
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